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Due	to	the	lack	of	adequate	data,	no	guideline	value	is	set	for	concentrations	of	saxitoxins.	However	given	the	known	toxicity,	the	relevant	health	authority	or	drinking	water	regulator	should	be	notified	immediately	if	blooms	of	Anabaena	circinalis	(Dolichospermum	circinalis)	[1]	or	other	producers	of	saxitoxins	are	detected	in	sources	of	drinking
water.There	are	three	types	of	cyanobacterial	neurotoxins:	anatoxin	a,	anatoxin	a-s	and	the	saxitoxins.	The	saxitoxins	include	saxitoxin,	neosaxitoxin,	C-toxins	and	gonyautoxins	(Chorus	and	Bartram	1999	Chapter	3).	The	anatoxins	seem	unique	to	cyanobacteria,	while	saxitoxins	are	also	produced	by	various	dinoflagellates	under	the	name	of	paralytic
shellfish	poisons	(PSPs).	A	number	of	cyanobacterial	genera	can	produce	neurotoxins,	including	Anabaena	(Dolichospermum),	Oscillatoria,	Cylindrospermopsis,	Cylindrospermum,	Lyngbya	and	Aphanizomenon,	but	to	date	in	Australia,	neurotoxin	production	has	only	been	detected	from	Anabaena	circinalis	(Dolichospermum	circinalis),	and	the
Australian	isolates	appear	to	produce	only	saxitoxins	(Velzeboer	et	al.	1998).	As	with	most	toxic	cyanobacteria,	A.	circinalis	(D.	circinalis)	tends	to	proliferate	in	calm,	stable	waters,	particularly	in	summer	when	thermal	stratification	reduces	mixing.The	toxicity	of	individual	populations	of	A.	circinalis	(D.	circinalis)	is	variable,	and	one	extensive	survey
of	the	toxicity	across	the	Murray-Darling	Basin	indicated	that	54%	of	field	samples	tested	were	neurotoxic	(Baker	and	Humpage,	1994).	A	natural	population	may	consist	of	a	mixture	of	toxic	and	non-toxic	strains	and	this	is	believed	to	explain	why	population	toxicity	may	vary	over	time	and	between	samples	(Chorus	and	Bartram	1999	Chapter	3).The
saxitoxins	are	a	group	of	carbamoyl	and	decarbamoyl	alkaloids	that	are	either	non-sulfated	(saxitoxins),	singly-sulfated	(gonyautoxins),	or	doubly-sulfated	(C-toxins).	The	various	types	of	toxins	vary	in	potency,	with	saxitoxin	having	the	highest	toxicity.	The	prevalent	toxins	in	Australian	blooms	of	A.	circinalis	are	the	C-toxins.	These	can	convert	in	the
environment	or	by	acidification	or	boiling	to	more	potent	toxins	(Negri	et	al.	1997,	Ravn	et	al.	1995).	The	half-lives	for	breakdown	of	a	range	of	different	saxitoxins	in	natural	water	have	been	shown	to	vary	from	9	to	28	days,	and	gonyautoxins	may	persist	in	the	environment	for	more	than	three	months	(Jones	and	Negri,	1997).Blooms	of	A.	circinalis
(D.	circinalis)	have	been	recorded	in	many	rivers,	lakes,	reservoirs	and	dams	throughout	Australia,	and	A.	circinalis	(D.	circinalis)	is	the	most	common	organism	in	riverine	blooms	in	the	Murray-Darling	Basin	(Baker	and	Humpage	1994).	In	temperate	parts	of	Australia	blooms	typically	occur	from	late	spring	to	early	autumn.	The	first	reported
neurotoxic	bloom	of	A.	circinalis	(D.	circinalis)	in	Australia	occurred	in	1972	(May	and	McBarron	1973).	The	most	publicised	blooms	occurred	in	the	Murray-Darling	System	in	1991,	2009	and	2010	(NSWBGATF	1992,	NSW	Office	of	Water	2009,	MDBA	2010).	The	first	bloom	extended	over	1,000	kilometres	of	the	Darling-Barwon	River	system	in	New
South	Wales	(NSWBGATF	1992).	A	state	of	emergency	was	declared,	with	a	focus	on	providing	safe	drinking	water	to	towns,	communities	and	landholders.	Stock	deaths	were	associated	with	the	occurrence	of	the	bloom	but	there	was	little	evidence	of	human	health	impacts.	The	blooms	in	2009	and	2010	affected	several	hundred	kilometres	of	the
River	Murray	on	the	border	between	NSW	and	Victoria	and	included	Anabaena,	Microcystis	and	Cylindrospermopsin.	Alerts	were	issued	about	risks	to	recreational	use,	primary	contact	by	domestic	users,	livestock	and	domestic	animals.	A	bloom	of	A.	circinalis	(D.	circinalis)	in	a	dam	in	New	South	Wales	was	shown	to	have	caused	sheep	deaths	(Negri
et	al.	1995).Relatively	low	numbers	of	A.	circinalis	(D.	circinalis)	(below	2,000	cells/mL)	can	produce	offensive	tastes	and	odours	in	drinking	water	due	to	the	production	of	odorous	compounds	such	as	geosmin.Treatment	of	drinking	waterThe	first	line	of	defence	against	cyanobacteria	is	catchment	management	to	minimise	nutrient	inputs	to	source
waters.	Source	water	management	techniques	to	control	cyanobacterial	growth	include	maintaining	flow	in	regulated	rivers;	water	mixing	techniques	to	eliminate	stratification	and	reduce	nutrient	release	from	sediments	in	reservoirs;	and	the	use	of	algicides	in	dedicated	water	supply	storages	Caution	is	necessary	in	using	algicides	if	a	bloom	has
developed	because	these	agents	will	disrupt	cells	and	liberate	saxitoxins	which	are	largely	intracellular	and	can	otherwise	be	removed	by	cell	removal	as	noted	below.	Once	intracellular	toxins	are	released	they	are	much	more	difficult	to	manage.	Saxitoxins	will	eventually	be	released	into	the	water	phase	when	a	developed	bloom	declines	and	algal
cells	lyse,	reinforcing	the	need	to	prevent	blooms	as	far	as	possible.	Algicide	use	should	be	in	accordance	with	local	environment	and	chemical	registration	regulations.	Where	multiple	intakes	are	available,	withdrawing	water	selectively	from	different	depths	can	minimise	the	intake	of	high	accumulations	of	cyanobacterial	cells	at	the	surface.Water
treatment	processes	can	be	highly	effective	in	removing	both	cyanobacterial	cells	and	saxitoxins.	As	with	other	cyanotoxins,	a	high	proportion	of	saxitoxins	remain	intracellular	unless	cells	are	lysed	or	damaged,	and	can	therefore	be	removed	by	coagulation	and	filtration	in	a	conventional	treatment	plant	(Chorus	and	Bartram	1999	Chapter	9).	It
should	be	noted	that	using	oxidants	such	as	chlorine	or	ozone	to	treat	water	containing	cyanobacterial	cells,	while	killing	the	cells,	will	also	result	in	the	release	of	free	toxin;	therefore	pre-chlorination	or	pre-ozonation	are	not	recommended	without	a	subsequent	step	to	remove	dissolved	toxins.Saxitoxins	are	adsorbed	from	solution	by	both	granular
activated	carbon	and	powdered	activated	carbon.	Because	powdered	activated	carbon	may	be	a	more	practical	option	for	intermittent	or	emergency	use,	it	is	important	to	seek	advice	and	carefully	select	the	most	appropriate	type	for	toxin	removal,	as	carbons	vary	significantly	in	performance	for	different	compounds.	Ozone	and	normal	doses	of
chlorine	may	not	be	entirely	effective	in	destroying	saxitoxins.	Destruction	of	saxitoxins	by	chlorine	is	dependent	on	both	pH	and	the	particular	toxin,	and	toxin	destruction	only	occurs	at	relatively	high	pH	(Drikas	et	al.	2002).	Boiling	is	not	effective	for	destruction	of	saxitoxins.If	treatment	is	instituted	in	response	to	the	presence	of	toxin-producing
cyanobacteria,	the	effectiveness	of	the	process	needs	to	be	confirmed	by	testing	for	toxin	in	the	product	water.Method	of	identification	and	detectionThe	established	method	for	measuring	toxicity	due	to	the	presence	of	saxitoxins/PSPs	is	the	mouse	bioassay	(Hollingworth	and	Wekell	1990)	which	provides	a	result	in	terms	of	equivalence	to	g	saxitoxin
activity	(STX-eq).	This	is	the	standard	method	used	in	association	with	the	shellfish	industry	and	recognised	by	Foods	Standards	Australia	and	New	Zealand.	Where	appropriate	standards	are	available,	the	analytical	technique	of	high	performance	liquid	chromatography	with	post-column	derivatisation	can	be	used	to	quantify	a	range	of	saxitoxins	in
both	water	and	cell	material	(Rositano	et	al.	1998,	Chorus	and	Bartram	1999	Chapter	13).	This	information	can	then	be	used	to	derive	an	estimate	of	total	toxins	in	terms	of	saxitoxin	equivalents	(STX-eq)	using	a	conversion	based	on	specific	mouse	toxicities	given	by	Oshima	(1995)	(see	Rositano	et	al.	1998).A	number	of	immunoassay	procedures
(ELISA),	developed	for	application	to	contaminated	shellfish,	are	available	for	detection	of	saxitoxins.	These	assays	are	highly	sensitive	to	the	individual	toxins	against	which	antibodies	have	been	generated,	however	they	all	show	poor	cross-reactivity	to	other	saxitoxins.	In	particular,	if	antibodies	have	been	generated	against	STX,	there	is	virtually	no
response	to	the	C	toxins	(Cembella	and	Lamoureux	1993),	which	are	the	predominant	toxins	in	some	cyanobacteria	such	as	neurotoxic	A.	circinalis	(D.	circinalis),	and	thus	these	assays	may	be	very	poor	in	determining	these	compoundsCyanobacteria	are	detected	by	light	microscopy,	identified	using	morphological	characteristics,	and	counted	per
standard	volume	of	water	(Hotzel	and	Croome	1999).	Practical	keys	for	the	identification	are	provided	in	Baker	and	Fabbro	(2002).There	is	no	evidence	of	human	health	effects	caused	directly	by	consuming	water	containing	saxitoxin-producing	cyanobacteria	or	PSP-producing	dinoflagellates.	There	are,	however,	numerous	reports	of	human	toxicity
associated	with	consumption	of	shellfish	containing	relatively	high	concentrations	of	PSPs	(Kao	1993).	Paralytic	shellfish	poisoning	is	an	acute	disorder	that	can	lead	to	paraesthesia	of	the	mouth	and	throat	progressing	to	the	neck	and	extremities,	dizziness,	weakness,	ataxia	and	muscular	paralysis	with	associated	symptoms	including	nausea,
vomiting,	thirst	and	tachycardia.	Symptoms	can	occur	within	5	minutes	and	in	fatal	cases,	death	occurs	within	2-12	hours.	In	non-fatal	cases,	intoxication	generally	resolves	within	1-6	days.	The	toxin	is	rapidly	cleared	by	urinary	excretion.	There	are	no	known	chronic	effects	but	long-term	animal	studies	are	lacking.In	addition,	it	has	been	shown	that
saxitoxins	can	accumulate	in	the	Australian	freshwater	mussel	Alathyria	condola	by	filter	feeding	on	A.	circinalis	(D.	circinalis)	(Negri	and	Jones,	1995),	and	the	consumption	of	contaminated	shellfish	from	water	affected	by	A.	circinalis	(D.	circinalis)	blooms	therefore	represents	a	potential	alternative	route	of	human	exposure.Derivation	of	HEALTH
ALERTThere	are	insufficient	toxicity	data	to	establish	a	guideline	value.	An	analysis	of	data	from	reported	events	of	paralytic	shellfish	poisoning	found	that	most	cases	of	illness	were	associated	with	consumption	of	in	excess	of	200	g	STX-eq	per	person,	with	a	low	effect	level	of	124	g	STX-eq.	A	health	alert	value	of	3	g	STX-eq/L	of	drinking	water	can
be	calculated	for	acute	exposure	associated	with	occurrence	of	intermittent	blooms	of	cyanobacteria	based	on	the	approach	described	in	Fitzgerald	et	al.	(1999).3.1g/Lroundedto3g/L=124gSTX-eq0.52L/day10\text{3.1	g/L	rounded	to	3	g/L}	=	\dfrac{\text{124	g	STX-eq	0.5}}{\text{2	L/day	10}}3.1g/Lroundedto3g/L=2L/day10124gSTX-
eq0.5where:124	g	STX-eq	is	the	Low	Observed	Adverse	Effect	Level	(LOAEL)	from	published	human	poisonings	(Fitzgerald	et	al.	1999).0.5	is	the	proportion	of	total	daily	intake	attributed	to	the	consumption	of	water.2	L/day	is	the	average	amount	of	water	consumed	by	an	adult.10	is	the	safety	factor	derived	from	use	of	a	LOAEL	rather	than	a
NOAEL.Based	on	Australian	monitoring	data,	this	would	require	cell	densities	exceeding	20,000	cells/mL	(biovolume	of	5	mm3/L\text{mm}^3\text{/L}mm3/L;	based	on	a	mean	cell	volume	of	250	mm3\text{mm}^3mm3).	Water	associated	with	cell	densities	of	this	magnitude	would	normally	be	malodorous	and	unpalatable,	with	the	threshold	for	off-
tastes	in	water	being	1,000-2,000	cells/mL.It	is	recommended	that	a	notification	procedure	be	developed	by	water	and	health	authorities.	A	tiered	framework	should	be	considered.	Initial	notification	to	health	authorities	could	be	provided	when	numbers	of	A.	circinalis	(D.	circinalis)	reach	30%	of	the	density	equivalent	to	3	g/L	STX-eq/L	(6,000
cells/mL;	biovolume	1.5	mm3/L\text{mm}^3\text{/L}mm3/L),	while	an	alert	could	be	provided	when	cell	numbers	are	equivalent	to	3	g/L	STX-eq/L	(20,000	cells/mL;	biovolume	5	mm3\text{mm}^3mm3).	For	saxitoxin	producing	species	other	than	A.	circinalis	(D.	circinalis),	notifications	and	alerts	should	be	based	on	biovolumes.In	all	cases,	cell
numbers	should	only	be	used	as	preliminary	signals	and	as	triggers	for	toxin	testing	to	enable	assessment	of	potential	health	risks.A	change	of	nomenclature	has	been	proposed	for	Anabaena	to	Dolichospermum	(Wacklin	P,	Hoffmann	L	and	Komarek	J	(2009).	Nomenclature	validation	of	the	genetically	revised	cyanobacterial	genus	Dolichospermum
(Ralfs	ex	Bornet	et	Flahault)	comb	nova.	Fottea	9:	59-64).	Both	names	are	cited	due	to	common	usage	of	Anabaena	and	recognising	that	references	cited	use	the	name	Anabaena.NOTE:	Important	general	information	is	contained	in	PART	II,	Chapter	5Baker	P,	Humpage	AR	(1994).	Toxicity	associated	with	commonly	occurring	cyanobacteria	in	surface
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Melbourne.	Saxitoxins	are	a	group	of	potent	neurotoxins	produced	by	certain	species	of	marine	dinoflagellates	and	freshwater	cyanobacteria.	They	are	the	primary	toxins	responsible	for	paralytic	shellfish	poisoning	(PSP).	Saxitoxins	can	accumulate	in	shellfish	and	other	marine	organisms,	posing	significant	health	risks	to	humans	and
wildlife.Mechanism	of	ToxicityThe	primary	mechanism	of	saxitoxin	toxicity	involves	the	blocking	of	voltage-gated	sodium	channels	in	nerve	cells.	This	blockade	prevents	the	normal	influx	of	sodium	ions	during	an	action	potential,	effectively	stopping	nerve	signal	transmission.	This	can	lead	to	neurological	symptoms	such	as	numbness,	paralysis,	and	in
severe	cases,	respiratory	failure.Humans	are	primarily	exposed	to	saxitoxins	through	the	consumption	of	contaminated	shellfish,	such	as	clams,	mussels,	oysters,	and	scallops.	These	shellfish	filter	and	accumulate	the	toxins	produced	by	toxic	algal	blooms.	Freshwater	sources	of	saxitoxins	include	contaminated	drinking	water	and	recreational	waters
where	cyanobacteria	are	present.Symptoms	of	Saxitoxin	PoisoningThe	onset	of	symptoms	can	occur	within	minutes	to	hours	after	ingestion.	Early	symptoms	include	tingling	and	numbness	around	the	mouth,	face,	and	extremities.	As	the	condition	progresses,	it	can	lead	to	headache,	dizziness,	nausea,	and	vomiting.	In	severe	cases,	muscle	paralysis
and	respiratory	failure	can	occur,	which	may	be	fatal	if	not	treated	promptly.Treatment	and	ManagementThere	is	no	specific	antidote	for	saxitoxin	poisoning.	Treatment	is	mainly	supportive	and	symptomatic.	In	cases	of	severe	poisoning,	mechanical	ventilation	may	be	required	to	support	breathing.	Activated	charcoal	may	be	administered	if	ingestion
occurred	recently,	to	bind	any	remaining	toxin	in	the	gastrointestinal	tract.Prevention	and	ControlPreventive	measures	are	crucial	to	reduce	the	risk	of	saxitoxin	exposure.	These	include	monitoring	and	regulation	of	shellfish	harvesting	areas,	public	awareness	campaigns,	and	routine	testing	of	shellfish	for	toxins.	Avoiding	consumption	of	shellfish
from	unknown	or	unregulated	sources	can	also	help	prevent	poisoning.Saxitoxins	not	only	pose	a	threat	to	human	health	but	also	have	significant	ecological	impacts.	Toxic	algal	blooms	can	lead	to	massive	fish	kills	and	disrupt	marine	ecosystems.	Wildlife	that	consume	contaminated	prey,	such	as	marine	mammals	and	birds,	can	also	be	affected,
leading	to	broader	ecological	consequences.Ongoing	research	aims	to	better	understand	the	biosynthesis,	distribution,	and	ecological	roles	of	saxitoxins.	Advances	in	detection	methods	and	the	development	of	novel	therapeutics	for	saxitoxin	poisoning	are	also	areas	of	active	investigation.	Additionally,	understanding	the	environmental	factors	that
promote	toxic	algal	blooms	can	help	in	developing	effective	management	strategies.	As	a	library,	NLM	provides	access	to	scientific	literature.	Inclusion	in	an	NLM	database	does	not	imply	endorsement	of,	or	agreement	with,	the	contents	by	NLM	or	the	National	Institutes	of	Health.	Learn	more:	PMC	Disclaimer	|	PMC	Copyright	Notice	.	2013	Mar
27;11(4):9911018.	doi:	10.3390/md11040991Marine	neurotoxins	are	natural	products	produced	by	phytoplankton	and	select	species	of	invertebrates	and	fish.	These	compounds	interact	with	voltage-gated	sodium,	potassium	and	calcium	channels	and	modulate	the	flux	of	these	ions	into	various	cell	types.	This	review	provides	a	summary	of	marine
neurotoxins,	including	their	structures,	molecular	targets	and	pharmacologies.	Saxitoxin	and	its	derivatives,	collectively	referred	to	as	paralytic	shellfish	toxins	(PSTs),	are	unique	among	neurotoxins	in	that	they	are	found	in	both	marine	and	freshwater	environments	by	organisms	inhabiting	two	kingdoms	of	life.	Prokaryotic	cyanobacteria	are
responsible	for	PST	production	in	freshwater	systems,	while	eukaryotic	dinoflagellates	are	the	main	producers	in	marine	waters.	Bioaccumulation	by	filter-feeding	bivalves	and	fish	and	subsequent	transfer	through	the	food	web	results	in	the	potentially	fatal	human	illnesses,	paralytic	shellfish	poisoning	and	saxitoxin	pufferfish	poisoning.	These
illnesses	are	a	result	of	saxitoxins	ability	to	bind	to	the	voltage-gated	sodium	channel,	blocking	the	passage	of	nerve	impulses	and	leading	to	death	via	respiratory	paralysis.	Recent	advances	in	saxitoxin	research	are	discussed,	including	the	molecular	biology	of	toxin	synthesis,	new	protein	targets,	association	with	metal-binding	motifs	and	methods	of
detection.	The	eco-evolutionary	role(s)	PSTs	may	serve	for	phytoplankton	species	that	produce	them	are	also	discussed.Keywords:	neurotoxin,	saxitoxin,	ion	channels,	copper	transporter,	phytoplankton,	paralytic	shellfish	toxinMarine	neurotoxins	are	natural	products	produced	primarily	by	phytoplankton	(dinoflagellates	and	diatoms)	along	with
several	types	of	invertebrates	and	select	species	of	fish.	Their	classification	as	neurotoxins	stems	from	their	ability	to	interact	with	voltage-gated	sodium,	potassium	and	calcium	channels	and	modulate	the	flux	of	these	ions	into	various	cell	types.	The	neurotoxins	produced	by	phytoplankton,	hereafter	referred	to	as	algal	toxins,	encompass	a	range	of
molecular	structures,	from	the	relatively	simple	alkaloids	and	amino	acids,	to	the	polyketides,	a	class	of	highly	diverse	compounds	in	terms	of	both	their	structure	and	biological	activity	(Table	1).	For	example,	the	longest	and	second-longest	continuous	carbon	atom	chains	known	to	exist	in	a	natural	product	can	be	found	in	maitotoxin	and	palytoxin,
produced	by	the	dinoflagellates	Gambierdiscus	toxicus	and	Ostreopsis	siamensis,	respectively	[1].	In	contrast	to	algae,	invertebrates	produce	polypeptides.	The	target	of	many	marine	neurotoxins	is	the	sodium	channel,	though	the	sites	of	interaction	and,	thus,	the	pharmacological	effects,	differ	among	compounds	(Table	1).	However,	there	are
exceptions	to	thisfor	example,	saxitoxin	is	known	to	also	interact	with	voltage-gated	calcium	and	potassium	channels,	while	the	only	target	identified	to	date	for	palytoxin	is	the	Na:K	ATPase	[2].	Table	1	provides	a	comprehensive	overview	of	the	structures	of	marine	neurotoxins,	as	well	as	their	molecular	target	and	pharmacology.Overview	of	major
marine	neurotoxins.Backbone	StructureLD50a,	ARfD	bOrganismsHealth	Impacts	cMolecular	TargetPharmacologyAlkaloid310,	0.7Dinoflagellates:	Pyrodiniumbahamense,	Alexandrium	spp.	Gymnodinium	catenatumPSPVoltage-gated	ion	channels:	Na	(site	1);	K;	CaPore	blockerAlkaloid8,	n/aFish	and	BacteriaPFPNa	channel	site	1Pore	blockerPolyketide
170,	n/aDinoflagellatesNSPNa	channel	site	5enhanced	activation	and	inactivation	blockPolyketide380460,	50DinoflagellatesNSPUnknownUnknown;	proposed	interaction	with	cytoskeletalPolyketide0.45,	n/aDinoflagellatesCFPNa	channel	site	5Shift	in	activation	gatingPolyketide0.15,	n/aDinoflagellatesCFPCation	channelsChannel	modifier;	allows	non-
selective	ion	passagePolyketide200,	280DinoflagellatesAZPK	channelPore	blockerPolyketide0.45,	n/aDinoflagellatePPNa:K	ATPaseChannel	modifier;	allows	non-selective	ion	passageCooliatoxin:	structure	uncharacterizedPolyketide1000,	n/aDinoflagellateSymptoms	similar	to	NSPUnknownUnknownOstreotoxin	3:	structure
uncharacterizedPolyketide32100,	n/aDinoflagellateSymptoms	similar	to	NSPUnknownInactivation	gating	modifierAmino	acid3600,	100DiatomASPGlutamate	receptorsDepolarization	via	prolonged	influx	of	Ca+	and	Na+Polypeptide1200030000,	n/aCone	snailsN/ANa	channel	sites	1	()	and	6	();	Ca	channel	();	nicotinic	acetylcholine	receptors	()Pore
blocker	();	prolonged	channel	opening	()Polypeptide170,	n/aSea	anemonesN/ANa	channel	site	3;	K	channelSlow/block	channel	inactivation	Algal	toxins	are	reported	to	be	responsible	for	between	50,000	and	500,000	human	intoxications	per	year,	with	an	overall	global	mortality	rate	of	1.5%	[1].	The	toxins	bioaccumulate	in	filter-feeding	fish	and
shellfish,	resulting	in	several	types	of	human	illness:	paralytic	shellfish	poisoning	(PSP),	amnesic	shellfish	poisoning	(ASP),	diarrheic	shellfish	poisoning	(DSP),	ciguatera	shellfish	poisoning	(CFP)	and	azaspiracid	shellfish	poisoning	(AZP)	(Table	1).	In	addition	to	the	human	illnesses	caused	by	ingestion	of	contaminated	seafood,	several	marine	toxins
possess	the	potential	for	use	in	bioterrorism,	including	the	conotoxins	and	tetrodotoxin	[3].Among	marine	neurotoxins,	saxitoxin	is	unique	in	that	it	is	produced	by	organisms	encompassing	two	kingdoms	of	life	inhabiting	different	aquatic	systems.	Eukaryotic	dinoflagellates	are	the	predominant	producers	in	marine	systems	[4,5,6,7],	while	five	genera
of	cyanobacteria	are	the	source	in	freshwater	systems	[8,9,10,11,12],	though	the	route	of	biosynthesis	is	similar	among	the	two	[13].	Saxitoxin	is	also	unique	in	that	it	is	the	only	marine	natural	product	classified	as	a	Schedule	I	Chemical	Warfare	Agents	per	the	Chemical	Weapons	Convention	of	1993.	Several	excellent	reviews	exist	on	saxitoxin	in
freshwater	systems	[14,15];	thus,	this	review	focuses	primarily	on	the	toxin	as	it	relates	to	marine	dinoflagellates.	Here,	we	discuss	recent	advances	in	the	field	of	saxitoxin	research,	including	the	identification	of	genes	involved	in	its	biosynthesis,	potential	new	molecular	targets	and	the	proposed	ecological	role	this	compound	may	serve	for	the
species	that	produce	it.	We	also	address	the	different	means	of	detection,	with	a	special	emphasis	on	recent	molecular	assays	designed	for	real-time	water	quality	monitoring.Saxitoxin	is	the	parent	molecule	in	a	class	of	compounds,	typically	referred	to	as	paralytic	shellfish	toxins	(PSTs).	Its	basic	structure	is	that	of	a	trialkyl	tetrahydropurine,	with
positions	2	and	8	of	the	purine	ring	containing	the	NH2	groups,	which	form	the	two	permanent	guanidinium	moieties	[16].	It	possesses	two	pKas	of	8.22	and	11.28,	which	belong	to	the	7,8,9	and	1,2,3	guanidinium	groups,	respectively	[17,18,19].	At	physiological	pH,	the	1,2,3-guanidino	carries	a	positive	charge,	whereas	the	7,8,9-guanidino	group	is
partially	deprotonated	[18,20].	Variations	in	functional	groups	at	four	defined	positions	around	the	ring	define	the	different	divisions	(Table	2).	The	divisions	consist	of	the	carbamate	toxins,	all	of	which	have	a	carbamoyl	at	the	R1	position,	the	N-sulfocarbamoyl	toxins,	the	decarbamoyl	toxins	and	the	deoxydecarbamoyl	toxins.	Substitutions	at	N-1
and/or	C-11	result	in	a	decrease	in	toxicity	relative	to	saxitoxin,	except	GTX-III,	which	exhibits	toxicity	comparable	to	that	of	saxitoxin	[21].	The	toxicity	of	the	derivatives	varies	by	approximately	two	orders	of	magnitude	[22],	with	saxitoxin	(STX)	being	the	most	toxic	followed	by	neosaxitoxin	and	gonyautoxins	1	and	3.	Different	values	have	been
reported	in	the	literature;	as	these	values	are	dependent	in	part	upon	the	purity	of	the	compounds,	it	is	likely	these	differences	are	simply	a	result	of	differences	in	the	purities	of	the	toxin	preparations	[23].Molecular	structure	of	saxitoxin	and	derivatives	produced	by	marine	dinoflagellates	[1].DivisionName
aR1R2R3R4STXHHHOCONH2NeoSTXOHHHOCONH2GTX1OHOSO3HOCONH2CarbamateGTX2HOSO3HOCONH2GTX3HHOSO3OCONH2GTX4OHHOSO3OCONH2GTX5	(B1)HHHOCONHSO3GTX6	(B2)OHHHOCONHSO3C1HOSO3HOCONHSO3N-
sulfocarbamoylC2HHOSO3OCONHSO3C3OHOSO3HOCONHSO3C4OHHOSO3OCONHSO3dcSTXHHHOHdcNeoSTXOHHHOHdcGTX1OHOSO3HOHDecarbamoyldcGTX2HOSO3HOHdcGTX3HHOSO3OHdcGTX4OHHOSO3OHdoSTXHHHHDeoxydecarbamoyldoGTX2HHOSO3HdoGTX3HOSO3HHThe	primary	target	of	most	marine	neurotoxins	is	the
sodium	channel,	a	voltage-gated	ion	channel	protein	comprised	of	one	principal	alpha	subunit	(220260	kDa)	and	one	to	three	smaller	(3336	kDa)	beta	subunits	[24].	Additionally,	saxitoxin	and	its	derivatives	are	also	known	to	target	the	potassium	and	calcium	channels,	though	the	mechanism	of	action	differs	among	the	three.	Ion	channels	are
membrane	proteins	containing	a	pore	that	allows	the	rapid	and	passive	diffusion	of	ions	across	the	lipid	bilayer.	Ion	channels	can	generally	be	grouped	into	two	major	classes,	ligand-gated	and	voltage-gated,	with	voltage-gated	channels	regulated	by	changes	in	membrane	potential	[25].	Voltage-gated	ion	channels	share	a	common	structural
architecture	[26]	(Figure	1).	The	alpha	subunit	consists	of	a	single	polypeptide	with	four	homologous	domains	(I-IV).	Each	domain	contains	six	transmembrane	alpha	helices	(S1S6)	and	a	short	reentrant	segment	(SS1/SS2).	The	S4	segment	of	each	domain	is	positively	charged	and	functions	as	the	voltage	sensor,	moving	outward	under	the	influence	of
the	electrical	field	and,	thus,	opening	the	pore	and	initiating	channel	activation.	Each	segment	is	connected	by	intra-	or	extra-cellular	loops	serving	various	functions.	The	extracellular	loops	between	the	fifth	and	sixth	transmembrane	helices	of	each	domain,	known	as	pore-forming	(P)	loops,	back	into	the	membrane	to	form	the	outer	lining	of	the	pore
and	the	selectivity	filter.	The	short	intracellular	loop	connecting	domains	III	and	IV	is	responsible	for	channel	inactivation	[24,27].	Sodium	channel	architecture	and	binding	sites	of	marine	neurotoxins.	Cylinders	represent	transmembrane	helices	that	comprise	the	four	homologous	domains.	Sites	targeted	by	marine	neurotoxins	are	indicated	by	gray
call-outs.	Modified	from	[27].Pharmacological	studies	with	neurotoxins	identified	six	key	receptor	sites	within	sodium	channels;	thus,	the	molecular	mechanisms	of	neurotoxins	can	be	broadly	classified	into	one	of	three	groups	based	on	their	receptor	site	and	functional	effect:	pore-blocking	toxins,	toxins	that	affect	gating	from	sites	within	the
membrane	and	toxins	that	affect	gating	from	extracellular	sites	[24].	Pore-blocking	toxins	inhibit	ion	conductance	via	binding	to	the	outer	mouth	of	the	pore	(site	1).	Toxins	that	alter	voltage	gating	by	binding	to	intramembrane	receptor	sites	(sites	2,	5)	bind	to	the	channel	when	in	its	active	state.	This	results	in	persistent	activation,	due	to	allosteric
modulations	that	prevent	an	inactivation.	Voltage-sensor	trapping	toxins	alter	gating	via	extracellular	binding.	These	toxins	bind	to	the	S3S4	loop	of	domain	IV	(site	3)	through	electrostatic	interactions	with	specific	residues.	Channel	inactivation	is	impeded,	as	the	transmembrane	segment	of	domain	IV	is	held	in	an	inward	position,	preventing	the
conformational	changes	needed	for	fast	activation	[28].	By	targeting	different	receptor	sites	on	the	channels	(Figure	1),	marine	neurotoxins	exhibit	different	molecular	pharmacologies	(Table	1).	The	long-established	molecular	target	of	saxitoxin	is	the	voltage-gated	sodium	channel	in	nerve	and	muscle	cells,	to	which	it	binds	with	high	affinity	and	can
result	in	death	via	respiratory	paralysis	[29].	The	toxin	binds	to	receptor	site	1,	which	is	formed	by	two	rings	of	amino	acid	residues	located	in	segment	SS2	of	the	S6	transmembrane	segment	in	each	of	the	four	domains	[30,31]i.e.,	the	P-loops.	The	first	ring	is	comprised	of	the	residues	aspartic	acid	(D)	384	in	domain	I,	glutamic	acid	(E)	942	in	domain
II,	lysine	(K)	1423	in	domain	III	and	alanine	(A)	1714,	while	the	second	ring	contains	E387,	E945,	methionine	(M)	1425	and	D1717	(located	in	domains	IIV,	respectively).	It	has	been	suggested	that	these	clusters	may	form	ring	structures	that	line	the	outer	lip	of	the	pore.	One	saxitoxin	molecule	binds	per	sodium	channel	[32],	with	the	7,8,9-
guanidinium	moiety	as	the	active	group	involved	in	toxin	binding.	It	is	electrostatically	attracted	to	the	lip	of	the	channel	by	fixed	anionic	charges	[33].	Thus,	saxitoxin	is	able	to	effectively	block	the	inward	flow	of	sodium	ions	into	the	cell,	with	the	guanidinium	able	to	act	as	a	cationic	substitute	for	the	sodium	ion.	Therefore,	saxitoxin	blocks	the
sodium	channel	from	the	exterior	of	the	channel	and	cannot	exert	its	pharmacological	action	from	the	cells	interior	[34].	Studies	of	sodium	channel	inhibition	at	different	pH	values	have	shown	that	saxitoxin	has	a	greater	effect	at	neutral	pH,	due	to	protonation	of	its	hydroxyl	groups	[35].	Both	the	guanidinium	and	hydroxyl	groups	are	needed	for
sodium	channel	recognition	by	the	toxin,	as	modifications	near	either	of	these	moieties	have	resulted	in	loss	of	biological	function	of	the	toxin.Saxitoxin	also	binds	to	the	human	potassium	channel,	though	its	mechanism	of	interaction	differs	from	that	with	the	sodium	channel.	It	modifies	channel	gating	rather	than	blocking	the	channel,	resulting	in
stronger	transmembrane	depolarization	for	the	channel	to	open	and	thus	reducing	overall	potassium	conductance	[36].	Unlike	its	interaction	with	the	sodium	channel,	in	which	only	a	single	molecule	binds,	four	or	more	molecules	are	able	to	bind	to	extracellular	sites	[36].	Antiquity	of	the	saxitoxin	gene	cluster	indicates	that	potassium	channels,	rather
than	sodium	channels,	may	have	been	the	original	intended	target	of	the	compound	[37].	Saxitoxin	also	acts	on	voltage-gated	calcium	channels,	though	the	blockage	is	not	complete	as	in	sodium	channels	[38].	However,	the	results	obtained	suggest	that	saxitoxin	acts	on	the	calcium	channel	at	an	extracellular	site,	possibly	an	area	associated	with	the
selectivity	filter	[38],	similar	to	its	interaction	with	the	sodium	channel.	Interestingly,	voltage-gated	sodium	channels	evolved	from	calcium	channels	and	were	present	in	the	common	ancestor	of	choanoflagellates	and	animals,	although	this	channel	was	likely	permeable	to	both	sodium	and	calcium	ions	[39].Saxitoxin	has	also	been	shown	to	bind	to
saxiphilin,	a	ca.	90	kDa	soluble	protein	isolated	from	bullfrog	(Rana	catesbeiana)	plasma,	which	sequence	analysis	revealed	is	related	to	the	transferrin	family	of	proteins	[40,41].	The	majority	of	these	proteins	are	iron-binding,	monomeric	proteins	of	approximately	80kDa.	They	possess	a	bilobal	architecture	exemplified	by	the	high	homology	existing
between	the	N-	and	C-terminal	halves	of	the	protein.	This	homology	includes	metal	iontypically	Fe3+residues	located	in	each	lobe	[42].	However,	saxiphilin	does	not	contain	an	iron-binding	site,	due	to	a	144	residue	insertion	in	the	N	lobe	and	many	amino	acid	substitutions	in	the	C	lobe	[41],	the	implications	of	which	are	discussed	below.	The
saxitoxin	binding	site	has	been	shown	to	be	located	within	the	C	lobe	[43].	It	appears	the	saxitoxin	binding	site	within	saxiphilin	has	evolved	from	the	transferrin	Fe3+	binding	site	and	may	utilize	some	of	the	amino	acid	residues	previously	used	to	ligate	the	metal	to	now	bind	saxitoxin.	This	protein	is	specific	for	saxitoxin,	as	it	is	unaffected	by
tetrodotoxin	and	various	cationic	compounds	[40].	As	with	the	sodium	channel,	only	a	single	saxitoxin	molecule	binds	to	saxiphilin	[44],	and	similar	thermodynamics	were	observed	for	saxitoxin	binding	to	saxiphilin	and	the	sodium	channel	[34].	Unlike	sodium	channel	binding,	protonation	of	the	7,8,9-guanidinium	moiety	is	not	required	[44].	Saxiphilins
isolation	from	frogs	led	to	the	hypothesis	that	it	functioned	as	a	detoxification	mechanism	upon	toxin	exposure	from	freshwater	cyanobacteria	[41].The	copper	transporter	has	also	recently	been	proposed	as	an	additional	molecular	target	of	saxitoxin.	A	series	of	studies	conducted	with	yeast	and	the	photosynthetic	green	alga,	Chlamydomonas
reinhardtii,	demonstrated	that	exposure	to	saxitoxin	inhibited	copper	uptake	in	both	species	[45].	Both	possess	high-affinity	copper	uptake	systems	in	which	the	copper	transporter	plays	a	significant	role	[46,47,48,49].	Both	share	structural	similarities	with	human	Ctr,	for	which	the	projection	structure	reveals	a	design	more	closely	resembling	ion
channels	rather	than	classic	transporters,	including	a	motif	on	transmembrane	3	that	may	contribute	to	selectivity	and	gating	[50].	Therefore,	it	has	been	proposed	that	saxitoxin	may	bind	to	copper	transporters,	though	this	remains	to	be	experimentally	verified.In	examining	the	structural	properties	of	the	above	proteins	in	relation	to	saxitoxin
binding,	the	theme	of	metal	binding	sites	emerges.	As	discussed,	it	appears	that	the	saxitoxin	binding	site	within	saxiphilin	has	evolved	from	an	Fe3+	binding	site,	with	some	of	the	amino	acid	residues	previously	used	to	ligate	the	metal	to	now	bind	saxitoxin	[34].	It	has	been	suggested	that	saxitoxin	may	be	potentially	considered	a	substitute	ligand	for
Fe3+	[44].	Pioneering	studies	examining	saxitoxin	binding	in	sodium	and	potassium	channels	showed	that	the	toxins	acted	at	a	metal	cation	binding	site,	with	several	monovalent	cations	able	to	compete	reversibly	with	the	toxins	for	their	binding	sites	[51].	The	N-terminal	domain	of	yeast	and	algal	copper	transporters	have	been	well-characterized
and	are	known	to	be	enriched	in	metal-binding	amino	acids,	such	as	Met,	His	and	Cys	[49,52],	providing	a	platform	from	which	to	examine	saxitoxins	binding	ability.	Though	the	capacity	for	toxin	production	is	scattered	across	both	freshwater	prokaryotes	(cyanobacteria)	and	marine	eukaryotic	(dinoflagellate)	species,	the	pathway	for	saxitoxin
biosynthesis	is	believed	to	be	similar	between	the	two	[13]	and	was	initially	proposed	based	on	extensive	studies	using	labeled	precursors	with	the	dinoflagellate	Alexandrium	tamarense	and	the	cyanobacterium	Aphanizomenon	flos-aquae	[13,53].	However,	genetic	information	[54],	coupled	with	screening	of	the	biosynthetic	intermediates	and	the	in
vitro	biosynthesis	of	saxitoxin	[55],	has	resulted	in	modifications	of	the	original	pathway.	These	modifications	occur	primarily	in	the	initial	steps	of	biosynthesis,	though	still	include	the	rare	chemical	reaction	involving	a	Claisen-type	condensation	on	arginine.	Saxitoxin	biosynthesis	genes	were	first	identified	in	the	toxic	freshwater	cyanobacteria,
Cylindrospermopsis	raciborskii	T3	[54],	followed	by	Anabaena	circinalis	(AWQC131C),	Aphanizomenon	sp.	NH-5	[56]	and	Lyngbya	wollei	[57].	Until	recently,	the	extremely	large	(ca.	3245	Gb	of	DNA,	the	equivalent	of	1-	to	80-fold	as	much	as	a	haploid	human	cell)	and	complex	(highly	redundant,	with	high	gene	copy	number)	[58]	genomes	of
dinoflagellates	have	posed	significant	challenges	in	identifying	toxin-related	genes.	The	dinoflagellate	genome	contains	the	largest	number	of	nuclear	genes	of	all	unicellular	eukaryotes.	These	genes	occur	in	complex	families,	most	of	which	evolved	via	recent	duplication	events	[59].	A	genome	size	versus	gene	content	regression	study	predicted	over
42,000	genes	in	the	smallest	dinoflagellate	genome	and	over	92,000	in	the	largest	[60].	Global	transcriptome	studies	revealed	that	toxic	Alexandrium	spp.	contain	ca.	40,000	transcribed	genes,	making	it	the	most	complex	protist	transcriptome	to	date,	with	many	transcripts	resulting	from	sequence	variants	of	individual	genes,	further	contributing	to
the	transcriptional	complexity	of	the	dinoflagellate	genome	[59,61].Through	the	use	of	high-throughput	sequencing	technologies,	saxitoxin	biosynthesis	genes	have	recently	been	identified	in	multiple	species	of	dinoflagellates	(Figure	2)	[62,63],	including	representatives	from	all	three	(Alexandrium,	Pyrodinium,	Gymnodinium)	toxin-producing	genera.
All	genes	directly	implied	in	toxin	synthesis	in	cyanobacteria	have	also	been	identified	in	dinoflagellates,	along	with	genes	related	to	toxin	transport	and	modification	[63]	(Figure	2).	The	findings	with	C.	raciborskii	T3	revealed	that	saxitoxin	biosynthesis	is	initiated	by	SxtA,	a	novel	polyketide	synthase	[54].	SxtA	performs	the	following	steps:	the
loading	of	the	acyl	carrier	protein	(ACP)	domain	with	acetate	from	acetyl-CoA	and	methylation	of	acetyl-ACP	to	propionyl-ACP,	followed	by	the	aminotransferase	domain	of	SxtA,	then	performing	a	Claisen	condensation	of	propionyl-ACP	with	arginine.	Two	different	types	of	transcripts	have	been	recovered	for	dinoflagellate	sxtA,	with	differences
occurring	in	sequence,	length	and	number	of	domains	[62].	One	set	contained	only	three	sxtA	domains,	while	the	second	contained	the	four	typically	encoded	by	cyanobacterial	sxtA.	Transcripts	contained	features	typically	associated	with	eukaryotic	genes,	notably	the	presence	of	poly(A)-tails	at	the	3-end	and	spliced-leader	sequences	at	the	5-end,
demonstrating	that	sxtA	genes	are	encoded	in	the	dinoflagellate	nucleus,	and	thus,	toxin	synthesis	does	not	originate	from	co-cultured	bacteria.	One	hundred	to	two	hundred	forty	copies	of	the	sxtA4	domain	exist	in	the	genome	[62],	in	keeping	with	the	general	feature	of	dinoflagellate	genes	occurring	in	multiple	copies	[64,65].	Unlike	the
cyanobacterial	sxtA,	which	was	shown	to	result	from	the	fusion	of	proteo-	and	action-bacterium	proteins	[66],	the	two	domains	are	not	fused	in	dinoflagellates	and,	in	fact,	are	encoded	by	different	proteins	[63].	Saxitoxin	genes	identified	in	dinoflagellates.	Saxitoxin	biosynthesis	pathway	and	genes	involved	based	on	studies	in	cyanobacteria	[37].
Dinoflagellate	genes	identified	to	date	are	listed	below	the	figure	and	are	cumulative	results	of	high-throughput	sequencing	experiments.Sequences	with	similarities	to	the	N-terminal	portion	of	sxtA,	containing	the	acyltransferase	and	phosphopantetheinyl-attachment	site	(PP-binding)	domain,	as	in	cyanobacteria,	have	been	found	in	the	saxitoxin-
producing	species	A.	tamarense	Groups	I	and	IV,	A.	catenella	and	P.	bahamense,	as	well	as	in	the	non-toxin	producing	A.	tamarense	Group	III,	indicating	their	functions	may	not	be	limited	to	saxitoxin	production	[63].	Additionally,	homologs	of	the	C-terminus	aminotransferase	domain	of	sxtA	and	sxtG	were	found	exclusively	in	toxic	species,	including
P.	bahamense	and	G.	catenatum,	indicating	they	may	be	unique	to	toxic	species.	Overall,	transcriptome	analyses	from	multiple	toxin-producing	dinoflagellate	spp.	suggest	that	the	genes	involved	in	the	first	three	steps	of	saxitoxin	biosynthesis	(sxtA,	sxtG,	sxtB)	in	dinoflagellates	and	cyanobacteria	are	derived	from	common	ancestral	proteins	not
involved	in	saxitoxin	synthesis,	as	they	are	found	in	organisms	that	do	not	produce	the	toxin	[63].	When	considering	the	complexities	of	dinoflagellate	gene	organization	and	regulation,	it	is	understandable	that	while	the	core	toxin	biosynthesis	genes	have	been	identified,	associated	genes	may	not	possess	similar	functional	or	transcriptional	properties
to	known	cyanobacterial	genes.	It	is	also	likely	that,	in	dinoflagellates,	genes	associated	with	toxin	biosynthesis	serve	other	functions	as	well,	as	phylogenomic	analysis	reveals	that	many	toxin-related	genes	are	widely	distributed	among	dinoflagellates	[67].In	addition	to	the	recent	identification	of	core	toxin	synthesis	genes	from	multiple	species	of
dinoflagellates,	two	enzymes	displaying	activities	specific	to	saxitoxin	and	its	derivatives	have	also	been	purified	and	characterized	from	toxic	G.	catenatum.	Yoshida	et	al.	[68]	purified	a	sulfotransferase,	which	transferred	a	sulfate	group	to	O-22	of	hydroxy	derivatives	(11-,-hydroxy	saxitoxin),	while	a	sulfotransferase	purified	by	Sako	et	al.	was	specific
to	N-21	of	saxitoxin	and	gonyautoxin	2	+	3	and	did	not	exhibit	O-22	sulfation	[69].	Of	the	three	toxic	genera,	comprehensive	transcriptomic	analyses	have	been	performed	for	Alexandrium	spp.,	with	lower	coverage	transcriptomes	obtained	for	P.	bahamense	and	G.	catenatum.	Thus,	it	is	not	surprising	that	genes	coding	for	these	enzymes	have	not	yet
been	identified.Saxitoxin	and	its	congeners	are	the	causative	agents	of	paralytic	shellfish	poisoning	(PSP)	and,	as	determined	recently,	saxitoxin	pufferfish	poisoning	(SPFP)	[70].	In	the	case	of	PSP,	filter-feeding	mollusks	(typically	bivalves)	and	crustaceans	ingest	the	toxic	cells,	concentrating	the	toxins	within	the	organs	and	tissues.	Although	mussels
and	clams	are	the	dominant	vectors	for	PSTs,	there	are	increasing	reports	of	non-traditional	organisms,	such	as	gastropods,	crustaceans	and	certain	fish,	also	serving	as	vectors	[71].	The	first	reported	PSP	event	occurred	in	1927	near	San	Francisco,	USA,	and	was	caused	by	A.	catenella,	resulting	in	106	human	illnesses	and	six	deaths	[1].	Since	that
time,	members	of	the	Alexandrium,	Gymnodinium	and	Pyrodinium	genera	have	all	been	reported	as	major	sources	of	PSTs.	While	most	PSP	outbreaks	result	from	the	consumption	of	contaminated	shellfish,	the	degree	of	intoxication	varies.	Toxicity	levels	fluctuate	among	bivalve	species,	due	to	differences	in	the	toxin	components	retained	and	the	rate
of	depuration,	as	some	species	depurate	toxins	rapidly,	whereas	others	are	slow	to	detoxify	[72].	Symptoms	of	PSP	include	paresthesia	and	numbness,	first	around	the	lips	and	mouth	and	then	the	face	and	neck,	muscular	weakness,	sensation	of	lightness	and	floating,	ataxia,	motor	incoordination,	drowsiness,	incoherence	and	progressively	decreasing
ventilator	efficiency.	In	cases	of	severe	intoxication,	PSP	leads	to	respiratory	paralysis	and	death	[72].	On	a	global	basis,	almost	2000	cases	of	human	PSP	are	reported	per	year,	with	a	15%	mortality	rate	[73].	The	geographical	distribution	of	these	cases	is	related	to	the	global	distribution	of	the	various	PST-producing	species	and	their	toxigenic
strains	[74].	While	numerous	fatal	cases	of	PSP	have	been	reported	globally,	the	successful	implementation	of	monitoring	programs	in	many	countries	has	helped	to	minimize	health	risks	and	reduce	human	illnesses	and	fatalities	[71].	If	PSTs	ingested	by	fish	or	other	secondary	producers	are	not	lethal	to	those	organisms,	the	possibility	exists	for
bioaccumulation	and	passage	up	the	food	chain.	Through	this	process,	PSTs	have	also	been	confirmed	or	implicated	in	the	deaths	of	sea	birds,	whales	and	monk	seals	[74].	In	the	cases	of	mass	mortality	events	involving	birds,	it	is	mostly	piscivorous	birds	that	are	affected	after	consuming	fish	contaminated	by	PSTs.	In	May	1942,	at	least	2000	dead
birds	were	observed	along	the	coastal	beaches	of	Washington	State,	USA.	This	coincided	with	an	A.	catenella	bloom	that	resulted	in	six	human	cases	of	fatal	PSP.	PSTs	have	also	been	implicated	or	confirmed	as	the	source	of	mortality	in	humpback	whales	and	monk	seals.	During	a	five-week	period	beginning	in	1987,	14	humpback	whales	(Megaptera
novaeangliae)	died	off	the	waters	of	New	England,	USA,	after	eating	Atlantic	mackerel	(Scomber	scombrus)	containing	PSTs.	More	recently,	from	May	to	July	1997,	at	least	117	Mediterranean	monk	seals	(Monachus	monachus)	died	along	the	coast	of	the	western	Sahara,	Africa.	Water	samples	indicated	the	presence	of	the	known	PST	producers,	A.
minutum	and	G.	catenatum,	and	variable	levels	of	PSTs	were	found	in	all	seal	samples	tested	[74].Saxitoxin	PFP	is	a	similar	illness,	expect	that	bioaccumulation	occurs	in	puffer	fish	rather	than	shellfish.	From	January	2002	to	May	2004,	28	puffer	fish	poisoning	(PFP)	cases	in	Florida,	New	Jersey,	Virginia	and	New	York	were	linked	to	puffer	fish
(Sphoeroides	spp.)	harvested	from	the	Indian	River	Lagoon	(IRL),	Florida,	USA.	Saxitoxin	and	two	of	its	derivatives	were	determined	to	be	the	active	toxins,	with	P.	bahamense	identified	as	the	source.	This	lead	to	the	characterization	of	the	food	poisoning	syndrome	as	saxitoxin	puffer	fish	poisoning	(SPFP)	to	distinguish	it	from	PFP,	which	is
traditionally	associated	with	tetrodotoxin	and	from	PSP	[70].	These	findings	led	to	a	permanent	ban	on	puffer	fish	harvesting	along	the	east	coast	of	Florida	along	with	the	establishment	of	a	monitoring	program	to	determine	the	distribution	and	concentrations	of	PSTs	in	various	puffer	fish	species.	This	monitoring	program	found	that	STX
concentrations	from	fish	tissue	averaged	greater	than	20-times	the	action	limit	for	shellfish,	with	maximum	values	exceeding	200-times	the	action	limit	[75].	Methods	for	toxin	analysis	can	be	grouped	into	five	broad	headings:	in	vivo	animal	bioassays,	analytical	techniques,	in	vitro	functional	assays,	in	vitro	cell	assays	and	immunoassays	(ELISA).	In
addition	to	methods	for	toxin	detection,	molecular	tools	targeting	toxin-producing	species	are	also	becoming	increasingly	common	and	are	therefore	included	here.	The	current	gold	standard	for	saxitoxin	measurement	is	the	mouse	bioassay	(MBA).	The	MBA	has	been	refined	and	standardized	by	the	Association	of	Official	Analytical	Chemists	to
provide	quick	and	adequately	accurate	measurements.	However,	this	method	is	becoming	increasingly	criticized,	due	to	its	use	of	live	animals,	and	alternatives	have	recently	been	accepted	or	are	undergoing	validation	testing.	The	potency,	in	some	literature,	referred	to	as	relative	toxicity,	of	saxitoxin	is	typically	measured	via	the	mouse	bioassay.
This	assay	entails	injection	(typically	intraperitoneal)	of	a	1	mL	test	solution	into	a	mouse	weighing	1723	g	and	observing	the	time	from	injection	to	death.	The	number	of	mouse	units	is	obtained	by	reference	to	a	standard	table	that	incorporates	the	death	time	and	mouse	weight,	with	one	mouse	unit	being	defined	as	the	amount	of	toxin	that	will	kill	a
20	g	mouse	in	15	min	[22].	This	corresponds	to	200	ng	of	saxitoxin	[76].	Interferences	include	samples	with	high	salt	content,	which	suppresses	toxic	effects	[77],	and	zinc	accumulation	in	oysters,	which	can	results	in	mouse	death	at	concentrations	not	detrimental	to	human	health	[78].	Further	investigations	into	the	effects	of	metals	on	the	MBA
revealed	that	they	exhibited	a	suppressive	effect	[79].	Additionally,	factors,	such	as	gender	and	mouse	strain,	have	been	shown	to	produce	significant	differences	of	up	to	seven-fold	in	neurotoxins	[80].	In	most	countries,	the	action	level	at	which	fisheries	are	closed	is	80	g	STX	equivalents/100	g	shellfish	[81]	(this	value	is	also	frequently	expressed	in
the	literature	as	400	MU/100	g),	though	this	value	has	been	lowered	to	30	and	40	g	STX	eq/100	g	shellfish	in	Mexico	and	the	Philippines,	respectively	[82].	The	United	States	Food	and	Drug	Administration	alert	level	for	saxitoxin	is	80	g/100	g	shellfish	meat,	and	so,	commercial	shellfish	harvesting	in	the	US	must	be	suspended	if	higher	concentrations
are	detected	in	routine	monitoring	programs	[83].	The	limit	of	detection	of	the	MBA	is	ca.	40	g	STX	eq/100	g	shellfish.	A	variation	of	this	assay	has	recently	been	proposed	that	utilizes	sublethal	indicators	of	toxicity	rather	than	time	to	death	as	a	means	of	screening	for	the	toxins.	It	is	based	on	levels	of	the	neurotransmitter,	acetylcholine,	in	the	blood
of	the	mice	at	timed	intervals	[84].	The	detection	limit	of	the	assay	was	less	than	1	g/kg	weight	(equivalent	to	20	ng/mL),	which	is	below	the	regulatory	limit	required	for	shellfish	closures.	Analytical	methods	can	be	used	to	both	detect	and	quantify	the	toxins.	High	performance	liquid	chromatography	(HPLC),	widely	used	for	the	separation	of	organic
compounds,	was	one	of	the	first	analytical	methods	developed	for	saxitoxin	detection	and	is	now	routinely	used.	The	basis	of	the	HPLC	method	for	saxitoxin	analysis	was	established	in	the	late	1970s	using	a	post-column	derivatization	with	a	silica-based	stationary	phase.	Since	that	time,	many	methods	for	toxin	separation	have	been	developed	using
both	pre-	and	post-column	oxidation	with	a	variety	of	columns.	One	of	the	initial	challenges	in	toxin	detection	was	the	lack	of	any	useful	UV	absorption,	which	was	alleviated	by	the	conversion	of	the	toxins	to	fluorescent	derivatives	[85].	Since	the	1970s,	a	variety	of	modifications	have	led	to	improved	separation	and	detection	of	the	different	congeners,
including	sample	extraction,	type	of	column,	eluent	composition	and	oxidation	processes	[82].	Based	on	a	collaborative	study	encompassing	16	labs	from	12	countries,	it	was	recommended	that	the	method	for	quantitative	determination	of	PSTs	in	shellfish	using	pre-chromatographic	oxidation	should	be	accepted	by	the	AOAC	International	as	an
official	method,	and	it	was	accepted	in	the	same	year	[82].	The	recent	advances	in	HPLC	methods	have	been	made	and	approved	for	use	by	monitoring	agencies,	such	that	the	official	alternative	technique	to	the	MBA	in	the	European	Union	is	a	LCfluorescence	detection	(LC-FLD)	method	(AOAC	2005.06)	[86].	Liquid	chromatography-mass
spectrometry	(LC-MS)	is	a	powerful	technique	that	allows	the	identification	on	unknown	compounds,	quantification	of	known	materials	and	elucidation	of	structural	properties	of	molecules.	It	is	becoming	used	more	routinely	for	not	only	PSTs,	but	all	marine	toxins	analyses,	to	the	point	that	it	has	been	proposed	as	the	universal	method	for	all	marine
toxins	[82].	An	additional	method	that	is	used	in	conjunction	with	mass	spectrometry	is	hydrophilic	interaction	liquid	chromatography-tandem	mass	spectrometry	(HILIC-MS/MS).	First	developed	in	the	Quilliam	lab	for	both	PSTs	and	other	algal	toxins	[87],	a	single	run	was	able	to	separate	and	detect	all	major	PSTs	in	ranges	between	50	and	1000	and
530	nM,	depending	on	type	of	system	[88].	Further	developments	have	enabled	detection	limits	in	concentration	ranges	of	550	nM	and	25200	nM,	with	excellent	linearity	[89].The	receptor	binding	assay	for	toxin	detection	presents	an	alternative	to	the	MBA	for	routine	monitoring.	First	introduced	in	1984	[90]	and	further	developed	and	adapted	to
microtiter	plate	format	over	the	years	[91,92],	this	assay	is	based	on	the	interaction	between	the	toxins	and	one	of	their	pharmacological	targets,	site	1	of	the	sodium	channel.	In	the	assay,	tritiated	saxitoxin	competes	with	unlabeled	saxitoxin	(and/or	its	derivatives)	for	a	finite	number	of	receptor	sites	on	the	voltage-gated	sodium	channel	in	a	rat
membrane	preparation.	Upon	establishment	of	binding	equilibrium,	unbound	labeled	saxitoxin	is	removed	and	the	receptor-bound	labeled	saxitoxin	quantified	by	liquid	scintillation	counting,	with	the	reduction	of	labeled	saxitoxin	proportional	to	the	amount	of	unlabeled	toxin	present.	Using	the	microtiter	plate	format,	a	detection	limit	of	5	ng	STX
eq/mL	was	achieved,	with	a	strong	predictive	value	for	toxicity,	as	per	the	MBA	[92].	With	the	availability	of	standards,	Usup	et	al.	[93]	explored	the	feasibility	of	this	assay	for	detection	and	quantification	of	the	various	congeners	based	on	competitive	binding	curves.	Receptor	binding	affinity	occurred	in	the	order	STX	>	GTX1/4	>	neoSTX	>	GTX2/3	>
dcSTX	>	GTX5,	similar	to	the	order	of	toxicity	obtained	with	the	mouse	bioassay.	Most	recently,	an	international,	multi-lab	study	determined	that	the	Receptor	Binding	Assay	was	able	to	accurately	detect	PSTs	in	the	critical	range	of	shellfish	toxicities	below,	near	and	slightly	above	the	regulatory	limit	in	comparison	with	the	MBA,	demonstrating	its
suitability	for	routine	monitoring	of	shellfish	[94].	Several	cell	viability	assays	were	developed	concurrently	that	utilized	the	antagonist	effects	of	the	channel-blocking	PSTs	in	combination	with	veratridine	and	ouabine.	These	assays	were	modified	from	that	developed	by	Kogure	et	al.	[95],	which	was	based	on	the	ability	of	tetrodotoxin	(TTX)	to	protect
mouse	neuroblastoma	cells	treated	with	veratridine	and	ouabine.	Veratridine	is	a	sodium	channel	activator	that	causes	an	influx	of	sodium	ions,	leading	to	cell	swelling	and	eventual	lysis,	while	ouabine	blocks	the	action	of	Na/K-ATPases.	TTX	prevents	the	influx	of	sodium	ions	and	protects	the	cell	from	swelling	and	eventual	death.	The	basis	of
Kogures	assay	was	microscopy:	counting	the	number	of	rounded	cells	after	toxin	treatment.	However,	this	assay	was	criticized,	due	to	the	varied	morphology	of	the	mouse	neuroblastoma	cells	and,	thus,	the	inherent	difficulty	in	counting	which	cells	were	rounded	based	on	sodium	uptake.	The	assays	developed	by	Jellet	et	al.	[96],	Gallacher	and
Birkbeck	[97]	and	Manger	et	al.	[98]	employed	colorimetric	endpoints	based	on	direct	cell	staining,	vital	stain	uptake	and	tetrazolium	dye	reduction,	respectively,	allowing	for	automation	and	use	in	96-well	plate	format.	With	these	assays,	a	detection	limit	of	10	ng	STX	eq/mL	extract	(2.0	g	STX	eq/100	g	shellfish	tissue)	was	achieved	[96].	The
commercially-available	MIST	(Maritime	In	vitro	Shellfish	Test)	[99]	was	developed	from	this	neuroblastoma	cell	bioassay	[96]	and	comes	in	multiple	formats	suitable	for	quantitative	or	qualitative	screening.Another	type	of	in	vitro	cell	assay	has	been	developed	that	is	based	on	the	detection	of	toxin-induced	membrane	depolarization	through	the	use	of
voltage-sensitive	fluorescent	dyes.	Nicholson	et	al.	[100]	developed	a	membrane	potential	assay	that	monitored	the	output	of	the	voltage-sensitive	fluorescent	probe	rhodamine	6D	in	mouse	synaptoneurosomal	fractions.	The	assay	measures	the	ability	of	saxitoxin	to	inhibit	veratridine-increased	rhodamine	6G	fluorescence	as	a	means	of	quantifying	the



toxin	block	of	depolarization	as	a	result	of	sodium	channel	opening.	The	assay	developed	by	Louzao	et	al.	[101]	is	also	based	on	the	antagonistic	effects	of	veratridine	and	saxitoxin	on	membrane	potential,	with	changes	in	membrane	potential	detected	with	the	fluorescent	probe	bis-oxonol.	The	authors	reported	that	this	assay,	performed	in	microplate
format,	was	able	to	detect	saxitoxin	and	derivatives	at
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